Mechanosensing in actin stress fibers revealed by a close correlation between force and protein localization
Introduction
Mechanotransduction, or the mechanism by which cells convert mechanical stimuli into biochemical signals, is an essential element of many physiological and disease-related cellular processes, including cell adhesion, differentiation and migration. It also underlies many processes at the tissue level, including tissue homeostasis, wound healing and morphogenesis. At the interface between mechanics and biochemistry, cells need molecular sensors to detect mechanical movements, forces and tensions. However the list of well-established candidates is still very limited and the molecular details of mechanosensitivity are often elusive. Among the well characterized mechanosensitive mechanisms (Gillespie and Walker, 2001; Vogel and Sheetz, 2006) , transmembrane ion channels are best known as mechanosensing structures that can detect and transduce external forces into electrical or chemical intracellular signals (Morris, 1998; Martinac, 2004) . Focal adhesions (FAs) represent another type of 'mechanosensory organ'; they are mature sites of cell-matrix adhesion that are based on the transmembrane receptors from the integrin family. FAs incorporate a large number and diversity of compounds (Zaidel-bar et al., 2007) , thus the precise description of force sensing and transmission in FAs is a great challenge. They assemble or reorganize directionally in response to external forces, as shown by single cell manipulation with micropipettes (Riveline et al., 2001; Guo and Wang, 2007) , beads (Wang, 2007) or stretched substrates of adherent cells (Yoshigi et al., 2005; Kim-Kaneyama et al., 2005) . Examples of mechanosensitive molecular mechanisms in FAs involve focal adhesion kinase (Mitra et al., 2005) , paxillin in focal complexes (Zaidel-Bar et al., 2006) or the Src tyrosine kinase (Wang et al., 2005) and p130
Cas (Sawada et al., 2006) . Inside cells, internal movement of actin filaments can also be sensed by FAs through a slippage-clutch mechanism (Hu et al., 2007; Wang, 2007) .
Recently, the FA component zyxin emerged as a potential mechanosensitive protein for cell adhesion. Cytoplasmic-nuclear shuttling (Nix and Beckerle, 1997) of zyxin indicated a putative link between mechanotransduction and transcription. At the macromolecular level, it responds to external cellular stretch by reorganizing along the cytoskeleton (CSK) to further reinforce it (Yoshigi et al., 2005) , correlates with the actin retrograde flux at FAs (Guo and Wang, 2007) 
and its exchange rate in FAs changes
The mechanics of the actin cytoskeleton have a central role in the regulation of cells and tissues, but the details of how molecular sensors recognize deformations and forces are elusive. By performing cytoskeleton laser nanosurgery in cultured epithelial cells and fibroblasts, we show that the retraction of stress fibers (SFs) is restricted to the proximity of the cut and that new adhesions form at the retracting end. This suggests that SFs are attached to the substrate. A new computational model for SFs confirms this hypothesis and predicts the distribution and propagation of contractile forces along the SF. We then analyzed the dynamics of zyxin, a focal adhesion protein present in SFs. Fluorescent redistribution after laser nanosurgery and drug treatment shows a high correlation between the experimentally measured localization of zyxin and the computed localization of forces along SFs. Correlative electron microscopy reveals that zyxin is recruited very fast to intermediate substrate anchor points that are highly tensed upon SF release. A similar acute localization response is found if SFs are mechanically perturbed with the cantilever of an atomic force microscope. If actin bundles are cut by nanosurgery in living Drosophila egg chambers, we also find that zyxin redistribution dynamics correlate to force propagation and that zyxin relocates at tensed SF anchor points, demonstrating that these processes also occur in living organisms. In summary, our quantitative analysis shows that force and protein localization are closely correlated in stress fibers, suggesting a very direct force-sensing mechanism along actin bundles. upon laser perturbation . These studies suggest a link between mechanical stimulus and zyxin behavior in FAs; however, no quantitative evidence of the relation between molecular forces and its intracellular translocation dynamics was reported. Moreover, zyxin interacts with the crosslinker protein α-actinin (Crawford et al., 1992; Reinhard et al., 1999; Li and Trueb, 2001) and is found in SFs, where its exact localization and its role are not yet understood.
SFs are actin bundles extending between FAs. Their formation and contractility are driven by non-muscle myosin II (ChrzanowskaWodnicka and Burridge, 1996; Hotulainen and Lappalainen, 2006) by inducing bidirectional sliding of actin filaments. Actin-actin crosslinkers turn randomly sliding filaments into one-dimensional contractile bundles. The main linker within SFs is the α-actinin dimer, although other actin linkers are present (Pellegrin and Mellor, 2007) . Myosin II and α-actinin localize complementarily and periodically along established SFs in sarcomere-like units (Peterson et al., 2004) .
In this study, we demonstrate the close relationship between molecular localization of proteins and force propagation in SFs. We first show the fast tension release of SFs by laser nanosurgery and analyze their dynamics of retraction. Unexpectedly, our analysis indicates a strong mechanical coupling between SFs and the cellular environment. We introduce a theoretical model for the mechanics of SFs that we demonstrate to be in good agreement with the measured data. Stress distribution along FAs and SFs cannot be experimentally measured; however, our model allows the calculation of force propagation through the actin bundles.
We then perform a case study on the dynamics of zyxin in SFs and FAs and find a strong correlation between the computed forces and its translocation dynamics. First, in response to tension release by laser nanosurgery and drug treatment, zyxin translocates away from SFs and FAs. By contrast, if we increase the mechanical load on single SFs with an atomic force microscope (AFM), we observe subsequent enrichment of zyxin within the pulled SFs in an acute and reversible manner. The further comparison between fluorescence distribution, correlative electron microscopy and force calculations shows that large amounts of FA-related proteins are recruited upon retraction of SFs along the plasma membrane, suggesting a new mechanism of adhesion formation by intracellular mechanical movements.
Of particular importance, nanosurgery of actin bundles in follicular cells of Drosophila egg chambers shows that zyxin responds similarly in vivo, with identical mechanosensitive dynamics. Altogether, our study suggests that SFs behave as prominent mechanosensing platforms able to detect intracellular forces with proteins that might have a much more prominent role than formerly appreciated.
Results

Retraction dynamics of SFs after nanosurgery
To determine the mechanical properties of SFs, we recorded their retraction after laser nanosurgery (Colombelli et al., 2005) . We transiently transfected mammalian epithelial Ptk-2 and Swiss 3T3 fibroblasts with a G-actin-EGFP construct. Laser photobleaching allowed us to pattern SFs prior to cut (Fig. 1A,B) and to spatially resolve the displacement field during retraction (Fig. 1E,F) . A 3 μm periodic pattern was printed perpendicular to the axis of the selected SFs before dissection ( Fig. 1 ; supplementary material Movie 1). When cut, both basal semi-fibers retract over several microns whereas the number of fluorescent stripes is conserved within the typical equilibration time of about 1 minute. This indicates that depolymerization of SFs after cut was not observed.
First, we quantified the total retraction length ΔL of dissected semi-fibers (Fig. 1I ) after equilibration. In both cell lines, we found ΔL to be independent of the initial length L. ΔL reached a plateau at about 5-6 μm in Ptk-2 cells (n=196 SFs) and 8-9 μm in Swiss 3T3 cells (n=65 SFs). By applying an edge detection to the timespace kymograph of a retracting SF (see Materials and Methods), we retrieved the time-dependent positions of the fluorescent stripes, shown as red curves in Fig. 1E . Stripes at the SF tip contracted widely as opposed to internal segments, further away from the cut, hence showing non homogeneous retraction along the SF. The corresponding time courses of the normalized stripe width [w(t)-w 0 ]/w 0 , which is analogous to the strain in the fiber, are shown in Fig. 1F . The same experiments were also performed in Ptk-2 cells transfected to express α-actinin-EGFP ( Fig. 1C-D ; supplementary material Fig. S1 ). The natural striated pattern with periodic spacing of about 1 μm contracted in a similar manner to actin, with a similar compaction at the tip and constant retraction length ΔL for large fibers. Furthermore, we also released free segments of actin-EGFP SFs by cutting in two locations (Fig. 1J-N) . We observed that their contraction occurred at the ends and along the initial SF axis, without lateral movement. From those observations, we conclude that released SFs retract non homogeneously and along a conserved axis.
A viscoelastic model provides quantitative insight into SF dynamics
To understand the previous observations, we analyzed the contraction dynamics of SFs by simulating them with a robust viscoelastic model. The sarcomeric structure of SFs is described as a linear chain of Kelvin-Voigt bodies (Fung, 1993) . Each consists of a dashpot (friction coefficient γ int ) and a spring (stiffness k int ), connected in parallel ( Fig. 2A) . SF contractility is introduced with a further contractile element representing the myosin motor activity (contraction force F m ). These describe the internal mechanical properties. However SFs might also interact with the cellular environment. We therefore introduced an external harmonic restoring force with crosslinks of stiffness k ext , as well as an external friction γ ext due to the eventual viscous drag within the cytosol (summarized in Fig. 2 ). We then derived the central model equation for the displacement field u(x,t) along the fiber (Eqn A5, Appendix 1). The model is finally reduced to four parameters (κ, δ, τ, τ ε ), each of which is a combination of the viscoelastic properties of the SF described above (see Table A1 in Appendix 1). κ is a measure for the degree of crosslink of a SF with external components; δ denotes the maximal contraction length of a sarcomeric unit. τ and τ ε are equilibration times associated with internal and external processes, respectively. Values for (κ, δ, τ, τ ε ) were retrieved by fitting the model to the kymograph traces. Fig. 2C shows a fit to a measured kymograph and Fig. 2D the corresponding time courses of the normalized subunit widths. The model reproduces very well the inhomogeneous contractions along the whole fiber and provides an excellent tool for a statistical analysis of the experimental data. In total, we obtained parameter sets (κ, δ, τ, τ ε ) from actin (n=86) and from α-actinin (n=34) transfected cells, as reported in Table  A1 . For actin-transfected cells the crosslink parameter amounts to κ=0.035±0.034 (mean ± s.d.). The maximal contraction length of a sarcomeric unit of initial width a=1 μm is δ=0.66±0.36 μm. Equilibration times τ and τ ε are discussed in Appendix 1. The comparison in Table A1 , shows that the parameters δ and τ ε are rather independent of the transfected protein whereas the crosslink parameter κ=0.078±0.059 is significantly higher (Student's t-test: P κ =0.0000014) and the time scale τ=15±11 seconds is significantly lower (t-test: P τ =0.0029) in α-actinin-transfected cells. This suggests that α-actinin has an influence on the degree of crosslink of SF to the cellular environment.
Next, we calculated the stationary solution of the model, i.e. independently of the viscous contributions (see Table A1 ). We found that ΔL first increases linearly with L and then becomes independent of L for Lӷa/ͱκϷ5.4 μm (Eqn A10, Appendix 1). The value of the saturation level is δ/ͱκ. Fig. 2E shows the contraction ΔL averaged over 86 model curves, each defined by one parameter pair (κ, δ). The predicted saturation level of ΔL(L=50 μm)=4.5±2.5 μm is in good agreement with the experimental data shown in red for actin-transfected cells. The same analysis was performed on α-actinin-transfected cells (supplementary material Fig. S1 ). By contrast, the total contraction of an isolated, uncrosslinked fiber (κ=0) would be proportional to its length, as shown with a black solid line in Fig. 2E , and would not saturate. This indicates that an external crosslink of the SF, expressed by a non-vanishing κ, is required to model the saturation in ΔL, and therefore that SFs are strongly anchored to a subcellular element.
Zyxin distribution within FAs and SFs adapts to mechanical perturbations
We used Ptk-2 cells and Swiss 3T3 fibroblasts transfected with zyxin EGFP and actin cherry constructs to study zyxin dynamics in response to nanosurgery in SFs. Fig. 3A -I shows typical SFs in a double-transfected Ptk-2 cell that has been cut sequentially in different locations. First, we released a 14-μm-long centerpiece by two simultaneous laser cuts along the same bundle (Fig. 3B) . After a 30-second contraction phase, we performed a second cut that dissected the fragment in its middle and a neighboring SF (Fig.  3C ). This experiment revealed three translocation processes. After cut, zyxin dissociates from FAs and the dissected SFs, but in turn aggregates at distinct positions along the fiber fragments (supplementary material Movies 2 and 3). FAs connected to a cut SF experienced a quick loss of zyxin intensity, as shown in Fig.  3D ,E,J (intensity profiles) and Fig. 3K (intensity over time). We quantified this loss according to the distance L, between the cut and the connected FA. In both cell lines, we found that the relative zyxin intensity loss is about 40% when cutting close to the FAs, but decreases with increasing L. The loss drops below 10% for L>30 μm (Fig. 3L) . To test whether this intensity loss is related to a loss of force on the FA, we used our model to calculate the expected relative force loss δF rel at FAs depending on the distance L. Indeed we found that δF rel is an exponentially decaying function of L (Eqn A13, Appendix 1). Fig. 3L shows the average of δF rel over 86 model curves, each defined by a specific value for κ retrieved previously from the fittings of Fig. 2 . Therefore, the comparison of force loss with the relative zyxin intensity loss from FAs after cut suggests a close relationship between zyxin distribution and forces in FAs.
Zyxin intensity was also lost from the released SF fragment, suggesting a similar relationship in SFs. Within 5 seconds after cut, the typical sarcomeric pattern vanished from the SF, as shown in Fig. 3J (in the region 10-20 μm), and by comparing also Fig. 3D ,E. Furthermore, we observed that zyxin relocalizes at random spots along the axis of cut SFs ( Fig. 3B-I ; supplementary material Movies 2 and 3). Interestingly, these zyxin foci are immobile. After formation close to the fiber tips (positions in Fig. 3C ), their intensity steadily increases in time (Fig. 3K , red and green curves) as the SFs fragments contract. After cutting the middle part of the SF fragment, however, we observed a reversed movement of the two new fragments accompanied by a decrease of intensity in areas 1 and 2 in their vicinity. By contrast, the foci intensity increased continuously along external foci (areas 3 and 4, Fig. 3C ) and a control cut neighbor SF. Notably, the free ends created by the last cut did not show systematic zyxin recruitment (Fig. 3I ).
To correlate zyxin dynamics with the change of forces in the SF fragment, we simulated this sequence of laser cuts with the theoretical model and produced a kymograph of the tension within the fiber (Fig. 3O ) and of the traction forces transmitted by the crosslinks to the substrate (Fig. 3P) . We compared these with the measured kymograph of zyxin intensity along the SF fragment ( Fig.  3M,N) . The instantaneous loss of zyxin in the middle of the fiber correlated remarkably well with the loss of tension due to the first cut (+ and -in Fig. 3N ,O), the increase of zyxin along the fiber axis due to traction forces exerted on the crosslinks (* in Fig. 3N ,P; area 1 and 2 in Fig. 3C ) and, after the second cut, the subsequent decrease of zyxin with the release of tension at the same location (ϫ in Fig. 3N ,P). These results therefore suggest that zyxin localizes where forces are applied along SFs and FAs.
Internal forces along SFs induce formation of nascent adhesion sites
To localize more precisely the new foci of zyxin recruitment after SF retraction, we performed correlative live fluorescent and transmission electron microscopy (TEM). A recent protocol allowed us to fix cells after live SF nanosurgery and prepare them for TEM (Colombelli et al., 2008) . Fig. 4 shows the correlation between fluorescent distribution of basal-SF-actin cherry and EGFP zyxin after several SFs were cut. We compared the electron micrographs of the first three sections (50 nm thickness) around the cut area ( The striking similarity between a FA and the new zyxin foci after cut suggests that zyxin translocates to new adhesions along the retracting SF. To confirm this we monitored the fluorescent localization of vinculin, a core FA component, along SFs after cut. By performing correlative immunofluorescence, we compared vinculin distribution to the recruitment of zyxin along cut SFs. EGFP zyxin, expressed in the cell by transfection, is still detectable by fluorescence after fixation. Colocalization of vinculin with zyxin was observed nearly on all sites of newly recruited zyxin (supplementary material Fig. S3 ). Co-transfection of EGFP vinculin and cherry zyxin provided evidence that vinculin translocates to the same sites where zyxin is recruited, although in significantly smaller amounts (supplementary material Fig. S3 ). Of note, EGFP vinculin in living cells was not detected along SFs before dissection, nor was the vinculin antibody significantly along non cut fibers in fixed cells. These observations show that zyxin and vinculin are present at the formation of nascent adhesion sites induced by SFs sliding along the basal plasma membrane.
To address the spatial origin of the newly recruited zyxin, we dissected bleached SFs after performing complete photobleaching of their body, including FAs. We showed that the increase of zyxin signal at new sites of adhesions and the amount of zyxin lost from the connected FA after SF nanosurgery are not dynamically related, thereby demonstrating that zyxin is recruited from a pool source in the cytosol (see supplementary material Fig. S4 and Appendix 2).
Zyxin dynamics in Drosophila egg chamber epithelial tissue
To substantiate the relevance of the previous observations, we repeated laser nanosurgery experiments on the actin cytoskeleton in a living organism. We chose the follicular tissue of Drosophila egg chamber, which presents prominent and aligned actin bundles at its basal side. We generated transgenic lines expressing YPEtzyxin to perform laser nanosurgery of actin bundles. Fig. 5 shows the relative distribution of YPet-zyxin (expressed) and actin (phalloidin fixation) in follicular cells at two different locations, basal ( Fig. 5C -E) and apical (Fig. 5B ). In the basal section, fluorescent zyxin bands appear all along actin bundles, and stronger patches align at the edge of the cell, very similarly to mature focal adhesions at the edge of cultured epithelial and fibroblastic cells. Fig. 5F-H) shows the cutting sequence on YPet-zyxin living cells (see also supplementary material Movie 4). A very fast retractionlike movement of zyxin patches is detectable after laser cut (supplementary material Movie 6). Immediately after cut, we also observe that opposing zyxin patches at the cell edge move roughly 1 μm apart (compared with an original separation of 20 μm), suggesting that tension along actin bundles is quickly released after cut. Subsequent to this, fast intensity loss from the zyxin patches at the edges of the cell could be verified, in contrast to control patches in neighbour cells (Fig. 5I) , which showed random and weak fluctuations. Finally, we also observed large amounts of zyxin being recruited to discrete patches along the fiber close to the cutting edge, which were very similar to the foci previously described in cultured cells. The cells here were separate from the glass coverslip; however, an additional laminin membrane, called the basement membrane, surrounds the egg chamber and serves as the mechanical scaffold. These results suggest that zyxin behaves qualitatively and quantitatively very similarly along the actin bundles of a living epithelium and in SFs of cultured cells.
SF dynamics after myosin inhibition
We inhibited non-muscular myosin II activity with blebbistatin to confirm that the apparent translocation of zyxin from SF (Fig. 3 ) is due to a tension loss. Fig. 6 shows the change in zyxin intensity after blebbistatin treatment (10 μM) in Ptk-2 cells doubly transfected with actin-cherry and EGFP zyxin or with the α-actinin EGFP and cherry zyxin (supplementary material Movie 5). After 10 to 20 minutes in blebbistatin, the typical sarcomeric zyxin pattern vanished and the cytoplasmic intensity level increased (Fig. 6F,N) . By contrast, actin and α-actinin patterns remained stable ( Fig. 6H,P) . Control experiments performed without fluorophore excitation to prevent phototoxicity of blebbistatin (Sakamoto et al., 2005) led to the same specific translocation of zyxin (data not shown) and control treatment with dimethylsulfoxide (DMSO) alone had no effect on zyxin localization (Fig. 6U) . Moreover, after 20 minutes of blebbistatin treatment, we performed laser nanosurgery on SFs with actin-EGFP-and cherry-zyxin-transfected Ptk-2 cells. This resulted Journal of Cell Science 122 (10) 
Reversible stretching of single SFs by AFM manipulation induces reversible recruitment of zyxin within SFs
We then investigated the effect of increasing external forces as applied specifically along SFs. To this end, we manipulated an AFM cantilever coated with fibronectin and set it in contact with the top of a Ptk-2 cell for 15 to 30 minutes to induce a connection with one or several basal SFs. After attachment to internal SFs, the cantilever was displaced along the direction of the fiber axis (see Materials and Methods). In supplementary material Movie 6, we show a cantilever pulling SFs three times over 2.5-3.5 μm in a cell expressing α-actinin-EGFP. The displacement of sarcomeric subunits was about 1.5 μm. The intensity of α-actinin along the pulled fiber tip (Fig. 7D ) was unaffected during AFM manipulation. By contrast, the intensity of EGFP zyxin was strongly correlated with the cantilever movement. Mechanical forces were applied to two SFs periodically over nine cycles (see kymograph in Fig. 7C ) and the load was applied over 10 seconds at each time. Fig. 7B shows two cycles of traction and release, on two SFs connected and displaced over 3 μm. The zyxin intensity increases during the traction phases along the front part of the SFs (see also supplementary material Movie 7) and drops subsequently upon SF release. By comparing the intensity increase of a pulled fiber and of a non-perturbed control SF within the same cell (Fig. 7D) , we conclude that zyxin translocates along SFs according to the external load applied to it in a reversible manner. Interestingly, by plotting the intensity profile along one of the pulled fibers during a traction phase (Fig. 7E) , we found that the intensity distribution of sarcomeric subunits increases specifically and locally, rather than in a continuous fashion.
Discussion
We have characterized with quantitative details the mechanical and mechanosensitive properties of SFs in living cells by combining laser nanosurgery, theoretical modeling, correlative live-cell and TEM imaging, and AFM. We used actin, α-actinin, zyxin and vinculin as fluorescent reporters of the mechanical state of SFs. Although earlier studies regarded zyxin as a focal adhesion marker, we showed that zyxin can be regarded more generally as a tension sensor related to the SFs where it localizes in a unique reversible manner to intracellular force nodes. Moreover, the active recruitment of zyxin at the interface between retracting SFs and the plasma membrane has demonstrated a new mechanosensitive mechanism of adhesion formation induced by intracellular forces.
Our analysis of SF laser retraction dynamics provides the experimental basis to validate a precise mechanical model, including its stationary and dynamic solutions. In particular, our model explains the peculiar observation that SFs contract non-uniformly along their length. Recently, the contraction of SFs was analyzed with a simpler viscoelastic model that regards SFs as a single loaded spring connecting FAs . Such a model, however, could not account for the non-uniform contraction of sarcomeric units reported here. In our study, we account for the contractile actomyosin forces explicitly and have not to assume a pre-strain of SFs. Furthermore, we prove that the SF is coupled to its environment. By evaluating the impact of non-endogenous expression of α-actinin on the degree of crosslinking κ, we showed that α-actinin significantly influences κ, and therefore is a good candidate for the crosslinker. This finding is consistent with the multiple roles and binding properties of α-actinin (for a review, see Otey and Carpen, 2004) , which links actin to integrins and vinculin.
Regarding the nature of the crosslink, it is very likely that intermediate contacts to the glass substrate, similarly to small integrin clusters undetectable by fluorescence microscopy, underlie the SFs and are responsible for the mechanical coupling. In fact, the plasma membrane itself cannot provide mechanical anchorage because of its fluid nature. Another candidate could be a crosslinkage of SFs to the surrounding actin cytoskeleton. If such a link had a relevant mechanical impact on SF dynamics, however, we should have observed several phenomena. For example, side by side dissected SFs would tend to pull on each other and to retract with similar dynamics; by contrast, we observed that neighboring SFs could retract independently, as shown in supplementary material Movie 2. Also, with links to the surrounding cytoskeleton, retracting SFs would apply forces to lateral positions, away from their original axis. By contrast, we observed zyxin relocalization only in certain positions along the axis. Finally, TEM data did not reveal actin filaments extending away from the axis of SFs. In conclusion, we believe that the major mechanical connection is to the substrate at the basal membrane. Consistent with this, nanosurgery experiments in Drosophila egg chambers have shown similar anchorage of actin bundles, away from a glass interface. In egg chambers, epithelial cells are in contact with an external basement membrane (Horne-Badovinac and Bilder, 2005) , which could provide sufficient mechanical support. This transmembrane linkage could function in a similar way to that observed in muscle cells, where costameres (α-actinin-rich protein complexes) connect sarcomeres and extracellular matrix and thereby transmit forces to the cellular environment (Ervasti, 2003) .
The mechanical interaction of SFs through the basal membrane with the substrate allowed us to observe a new mechanism for adhesion formation. The simultaneous relocalization of zyxin and small amounts of the adhesion protein vinculin along the path of Journal of Cell Science 122 (10) SF retraction has demonstrated the formation of nascent adhesion structures in response to SF retraction. It is a challenge to ensure that vinculin recruitment is not an artifact; however, we showed previously (Colombelli et al., 2007) that SF nanosurgery did not impair nor influence plasma membrane integrity and membrane protein diffusion. Therefore, we believe that vinculin recruitment here is part of the mechanosensitive mechanism.
From this and from the TEM data, we conclude that when actin filaments slide along the membrane (pulled here by myosin motors) they trigger adhesion formation. This result is consistent with recent studies where external forces and FA dynamics correlate. For example, Riveline and colleagues (Riveline et al., 2001) showed the enhanced growth of pre-existing FAs under external forces exerted by micropipettes. The biochemical activity, studied on stretched cells, provided details about the molecular mechanisms by which external forces could induce changes within FAs. A concept of 'substrate priming' was proposed (Sawada et al., 2006) by which phosphorylation activity in FAs could be promoted when proteins come closer to each other or mechanically unfold in response to external mechanical force. However, no study has so far reported the formation of an adhesion contact triggered by pure mechanical friction of actin filaments along the plasma membrane. Instead, recent studies have shown the different levels of dynamic correlation between integrins, FA-related proteins such as vinculin and talin, and actin filaments (Guo and Wang, 2007; Brown et al., 2006; Hu et al., 2007) . The hierarchical organization of FAs therefore constitutes a differential 'slippage-clutch' mechanism (Wang, 2007) , which transmits forces from actin motion to the extracellular matrix to promote cell migration (Hu et al., 2007) . A vice-versa mechanism would explain how cells sense external stress transmitted to the actin cytoskeleton (Yoshigi et al., 2005) . Here, we showed that actin motion along the membrane transmits mechanical force to the extracellular matrix by triggering adhesion formation. It is likely that a similar mechanosensitive mechanism, stimulated by actinfilament sliding, also occurs in living tissues, as opposed to cells cultured on glass. Evidence for this is the strong quantitative similarity we have measured between the recruitment dynamics of zyxin in the Drosophila egg chamber and in cultured cells. This could be a key mechanism in the field of cell migration where the combinatorial and hierarchical relation between actin polymerization, Zyxin intensity increase over time (left, red) compared with a control fiber (green). Δx was manually measured from the kymograph. The total cell intensity was corrected for bleaching (see background in blue). The intensity of pulled and control SFs in α-actinin-expressing cells (right, see supplementary material Movie 6), showing no correlation between the traction (top) and the intensity of the SFs. (E) Intensity profile of the seventh traction plotted before traction (dashed yellow, reported with offset in plain yellow because of overlap) and during the traction (red). Before traction, the typical sarcomeric labeling of zyxin is clearly visible from the intensity profile with, on average, 1 μm periodic ripples. After traction, the amplitude of the ripples increases in the front stretched part of the fiber, thereby showing a discrete and periodic recruitment of zyxin along the bundle. Scale bars: 5 μm (A-C) horizontal, 40 seconds vertical (C). actin movement and FA formation is not yet fully understood. The retrograde meshwork flux of polymerized actin filaments in the lamellipodium could in fact induce FA formation and trigger on its own the forward propulsion necessary for cell movement.
Finally, we have shown a dual localization of zyxin at FAs and SFs in correlation with tension and traction forces, which raises central questions about the mechanism of zyxin localization and its role. In particular, we showed that a considerable fraction of fluorescent zyxin is instantaneously released from FAs (up to 40%, Fig. 3 ) as well as from SFs (virtually all, Figs 3 and 6) after SF tension relaxation. In previous studies, pharmaceutical treatment to inhibit contractility showed delocalization of zyxin away from FAs (Guo and Wang, 2007; Lele et al., 2006) , whereas other FA components like vinculin did not show such behavior after similar treatment. Also, its unbinding rate increased in FAs after SF dissection . Consistent with this, we observed that the turnover of zyxin in FAs decreases threefold after SFs release (supplementary material Fig. S4 ). However, we showed that zyxin localization is also tension dependent along SFs (Figs 3 and 7) . Thus, could there be a single mechanism underlying zyxin recruitment at FAs and SFs? Moreover, if zyxin behaves as a mechanical tension sensor, what would be the recruiting mechanical switch? The zyxin primary structure is known (Smeichel et al., 1998) , and its major binding partner is α-actinin (Crawford et al., 1992; Reinhard et al., 1999; Li and Trueb, 2001 ). Interestingly, the binding site on α-actinin involves two spectrin-like subdomains (Djinovic-Carugo et al., 2002) and interaction occurs only when α-actinin dimerizes (Li and Trueb, 2001 ). Spectrin domains are also known to have unique flexible properties (Mirijanian and Voth, 2008) . In this study, we have shown that SFs are strongly attached through the basal plasma membrane, where zyxin senses the tension built by actin movement. We showed that α-actinin is involved in this mechanical coupling. Moreover, we observed that the periodic colocalization zyxin and α-actinin vanishes instantaneously after releasing SF fragments (Fig. 3) , and that zyxin is recruited reversibly along pulled SFs in a discontinuous and periodic manner (Fig. 7) . In FAs, we have shown an instantaneous loss of zyxin after tension release and also shown that α-actinin is a major candidate for crosslinking SFs to FAs (Zaidel-Bar et al., 2007) . Altogether, this experimental evidence supports a crucial role of α-actinin in regulating the force-dependent localization of zyxin in FAs and SFs.
In Fig. 8 , we depict a hypothetical mechanism explaining the possible dual recruitment mechanism of zyxin by α-actinin in SFs and FAs. In SFs, the antiparallel movement of actin filaments creates forces on α-actinin dimers that crosslink them. Actin filament sliding along FAs, also noted as retrograde flux, could exert forces onto α-actinin, the linker between actin and FAs. A plausible mechanically induced conformational change of the dimer could increase the susceptibility of zyxin binding. The flexibility of spectrins and their redundant organization along α-actinin (eight domains in a dimer) could therefore serve as a docking platform, which mechanically regulates the number and activity of zyxinbinding sites. Further analysis of zyxin and α-actinin-binding partners will be necessary to determine the exact number of proteins involved in the mechanical switch and the role of its mechanosensing nature. However, it is worth mentioning that genetic knockout of zyxin (Hoffmann et al., 2006) or RNAi suppression (Harborth et al., 2001 ) have been shown to suppress the formation of SFs in fibroblasts, or to impair cytoskeletal reinforcement (Yoshigi et al., 2005) . Within SFs, we showed that zyxin is a molecular sensor that identifies the location of forces and tensions. In answer to those intracellular cues, and in combination with a yet unknown number of partners, it could trigger specific mechanisms to counteract and equilibrate mechanical imbalances within the cytoskeleton, for instance by influencing actin polymerisation, as suggested recently (Hitara et al., 2008) .
Materials and Methods
Laser nanosurgery and microscopy
Intracellular dissection of SFs was performed by low energy plasma ablation (Vogel and Venugopalan, 2003) , with a pulsed UV laser [470 picoseconds per pulse, 355 nm (Colombelli et al., 2004) ]. Plasma membranes do not undergo detectable damage after dissection of basal SFs, as shown previously (Colombelli et al., 2007) . Nanosurgery was performed at 100-500 pulses per second with a density of 5.5 pulses/μm and energy of 50 nJ per pulse to reach a dissection accuracy of 450 nm, as shown previously (Colombelli et al., 2005) . Fluorescent imaging was performed on a regular inverted microscope with a Hamamatsu ORCA camera. Frame rate varied from 0.5-1 second with a Zeiss 63ϫ/1.2 water-immersion lens and around 1 second with an Olympus 150ϫ/1.45 oil-immersion lens. In double-color mode, it takes about 7 seconds to acquire one image. FRAP or photobleaching was performed with a freespace-coupled multiline Argon ion laser. Laser nanosurgery in Drosophila was performed with identical parameters as in cultured cells.
Image processing
Kymographs were constructed with ImageJ. Multiple edge detection (programmed in Matlab) of bleached actin GFP or α-actinin in SFs was performed on kymographs by extracting multiple maxima positions of the derivative of the intensity profile along the SFs. When needed, kymographs were smoothed in the distance direction. Intensity measurements of zyxin at FAs and along SFs were performed in ImageJ on manually designed, closed regions of interest. FRAP quantification was performed with Igor Pro, based on a regular FRAP analysis procedure (Phair et al., 2004) . The average width of striated subunits was evaluated by counting the total number of subunits (n=1595), divided by the total length (along 95 SFs), which does not reflect the intrinsic variation from the SFs periphery to the centre shown in Peterson et al. (Peterson et al., 2004) . See Appendix 1 for details of statistical analysis.
Cell culture, transfections and chemicals
G-Actin-GFP plasmids originate from Alen Piljic (EMBL, Heidelberg, Germany), cherry constructs from Roger Tsien (UCSD, La Jolla, CA). EGFP-zyxin, cherry-zyxin, actin-cherry and EGFP-vinculin were cloned in the labs of Klemens Rottner and Vic Small. α-actinin-EGFP was constructed by Jurgen Wehland (HZI, Braunschweig, Germany). Ptk-2 and Swiss 3T3 cells were seeded on live cell dishes (MatTek, MA)
Journal of Cell Science 122 (10) Fig. 8 . Possible mechanism of mechanosensing in SFs. Zyxin is recruited along actin bundles and FAs by mechanical force increase. In SFs, the opposite contraction force (red arrows) applied by myosin II induces the opposite movement of antiparallel actin filaments, which could be transduced to the actin-actin crosslinker α-actinin. A conformational change or binding properties modifications could allow zyxin recruitment. At FAs (bottom left), the same contraction movement can propagate to α-actinin, which links actin filaments and FA proteins such as vinculin. The mechanical switch regulating zyxin recruitment could have the same force-transduction mechanism with the same molecule, for example α-actinin, in SFs and FAs.
in modified Eagles medium (MEM, Gibco) and Dulbecco's-MEM (Life Technologies, Karlsruhe, Germany) respectively, with 10% fetal calf serum for Ptk-2 and 10% newborn calf serum for Swiss 3T3 cells with 1% penicillin-streptomycin and 1% L-glutamine. Cells were transfected when covering 70% of the culture surface (preparation in 2 ml medium: plasmids 1 μg/dish and 3 μl FuGene 6 Transfection Reagent from Roche, Indianapolis, IN). Cells were imaged between 14 and 20 hours after transfection. Blebbistatin (Sigma) was diluted in DMSO and applied at 10 μM during fluorescent acquisition. For each experiment described, five cells were studied and showed consistent results.
Drosophila cloning and imaging of egg chambers
We produced a Drosophila transformation vector containing a N-terminal YPet (Rizzo et al., 2004) tagged Zyx102EF, Drosophila zyxin orthologue (Renfranz et al., 2003) . YPet was amplified from the pLNCyPetMAMM plasmid to generate a DNA fragment with a BglII cohesive 5Ј and a EagI cohesive 3Ј end. Zyx102EF was amplified from the BDGP DGC clone LD06023 (Rubin et al., 2000) in order to generate a DNA fragment with a EagI cohesive 5Ј and a XhoI cohesive 3Ј end. Both DNA fragments were cloned into the BglII-XhoI-cleaved pUAST vector, generating pUAST-YPet-zyxin. Transgenic lines were generated using standard procedures. A recombinant Drosophila line carrying tubP-GAL4 (Bloomington Drosophila Stock Center) and UAS-YPetzyxin on the third chromosome was generated by recombination.
Ovaries expressing YPet-zyxin under tubulin promoter control were dissected from adult females in Schneider medium. The ovarioles were mounted between a glass coverslip and a gas-permeable plastic foil (bioFOLIE 25, In Vitro System and Services, Göttingen, Germany). Living follicular cells were imaged and laser dissected in egg chambers at stage 11. Actin staining of follicular cells expressing YPet-zyxin under tubulin promoter control were dissected in PBS and fixed in 4% formaldehyde PBS. Actin was stained with Alexa Fluor 546-Phalloidin (Invitrogen, Molecular Probes). The ovarioles were mounted in Vectashield (Vector Laboratories). Stained follicular cells at stage 11 egg chambers were imaged on a Leica TCS-SP5.
Correlative immunofluorescence and electron microscopy
Laser surgery was used to mark the location of the cell of interest (Colombelli et al., 2008) before imaging and fixation with paraformaldehyde (3%). Immunolabelling was performed with a monoclonal anti-zyxin antibody (Biozol-Abcam, Munich, Germany), a monoclonal anti-vinculin antibody (hVIN-1, Sigma). We fixed cells for electron microscopy (solution: 2.5% glutaraldehyde, 50 mM cacodylate buffer, 2% sucrose, 0.05 M KCl, 0.4 mM MgCl 2 , 0.04 mM CaCl 2 ) within 10 seconds of imaging for 30 minutes at room temperature, they were then washed with 50 mM cacodylate buffer (5 times 2 minutes), kept on ice during incubation with postfixation solution (2% OSO 4 , 50 mM cacodylate buffer) for 40 minutes, rinsed in H 2 O and incubated in 0.5% uranyl acetate in H 2 O for 30 minutes before rinsing and embedding. Flat embedding was carried out in Epon (Serva, Heidelberg, Germany) and samples were sectioned 40-50 nm thick. The glass surface was laser etched after fixation to mark the cell position and to form Epon ridges, visible under stereomicroscopy for precise trimming (Colombelli et al., 2008) .
AFM micromanipulation
A JPK Nanowizard atomic force microscope (JPK Instruments, Berlin, Germany), interfaced onto an Axiovert 200 (Carl Zeiss, Göttingen, Germany) equipped with an incubator chamber (CellBiology Trading, EMBL, Hamburg), was used to mechanically stimulate the cells and to define the horizontal path for the cantilever to follow. Tipless Silicon nitride cantilevers (NP-0, Veeco Instruments, Dourdan, France) were washed in a piranha solution (H 2 O 2 /H 2 SO 4 , 30-70%), rinsed with Milli-Q water and treated with oxygen plasma for 5 minutes and incubated in a 0.1 mg/ml fibronectin (Sigma) PBS solution for 1 hour at room temperature. The fibronectincoated cantilever was positioned in contact with the apical plasma membrane to create contact exactly above a SF, observed in fluorescence. After 15 to 30 minutes, the cantilever eventually formed a strong adhesion site connecting the cantilever and the SF (supplementary material Movie 6), or the SF of a neighbor cell connecting a fluorescent SF through a cell-cell junction (supplementary material Movie 7). The fiber was then stretched by driving the cantilever along a line path aligned with the axis of the SF, with a constant velocity of 1 μm/second along 2 to 4 μm.
Appendix 1
Stress fiber model
We present a minimal model for SFs that takes into account the internal visco-elastic and contractile properties of the fiber (Besser and Schwarz, 2007) as well as viscoelastic interactions with its surrounding. From the discrete description (supplementary material Fig. S5 ), we derive a partial differential equation which describes SF contraction dynamics. The model is solved numerically. Solutions are compared with experimental time-dependent displacement fields along SFs after laser surgery. Despite its simplicity, the model fits the dynamic contraction of several sarcomeric units along a SF. By using the model, we are able to extract the mechanical parameters of SFs. Furthermore, the model provides an estimate of the tension within the SFs and the forces on the FAs that are not accessible experimentally with our set-up. In this way, we can correlate zyxin localization with mechanical forces and quantify its mechanosensitivity.
The SF is modelled as a linear chain of Kelvin-Voigt bodies (Fung, 1993 ) that consist of a dashpot with viscosity γ int and a spring of stiffness k int connected in parallel. These two modules represent the internal viscous and elastic properties of the SF, respectively. We introduce into these Kelvin-Voigt bodies a further contractile element that represents the activity of motor proteins. Its properties are given by the specific force-velocity relation of the molecular motors. Experimental observation showed that SFs contract nonhomogeneously after laser dissection (Fig. 1) . This behavior can be explained by mechanical interactions of the SFs with their surrounding. Thus, in the model we account for mechanical crosslinks by harmonic restoring forces, denoted by springs of stiffness k ext and introduce an external viscosity γ ext due to the viscous drag within the cytosol. According to the discrete picture depicted in supplementary material Fig. S5 , we describe the force F n at the site n as the sum of all spring forces, viscous drags and forces F m of motor proteins:
The first two terms account for internal friction due to relative filament sliding. These two discrete forces depend on the contraction velocity of neighboring sites ∂ t (u n+1 -u n ). The next two terms account for elastic forces within the SF and depend on the relative displacement of neighboring sites (u n+ 1-u n ). The contributions from viscous drag within the cytosol depend on the local retraction velocity ∂ t u n . The harmonic restoring forces due to the mechanical cross-links depend on the local displacement u n of the considered site. The last two terms account for the contractile forces resulting from molecular motor activity, which we describe for simplicity by a linear force-velocity relationship:
F m is the actual force exerted by a motor moving with velocity v. v 0 is the zero-load velocity and F stall is the stall force of the motor. The continuum approximation of Eqn A1 is given by:
We use the fact that the motor force F m depends on the displacement u(x,t). The contraction δ n within the nth element generated by the respective motor is given by δ n =-(u n -u n-1 ). The contraction velocity is therefore v(x,t)=␦ (x,t)Ϸ-a=ٌu(x,t) and the force velocity relation Eqn A2 is given by:
This relation together with the assumption that internal and external forces have to balance, F(x,t)=0 (there are no other forces acting on the SF), leads to a continuous model for the SF:
We define the stiffness ratio κ=k ext /k int , which can be regarded as a measure for the degree of crosslinking. L is the initial length of the considered fiber fragment and we define the contraction length δ =F stall /k int . Owing to the linear force-velocity relationship, the motor contribution decomposes into two parts. On one hand, it adds up to the internal viscosity (see expression for τ in Table A1 ) and thus slows down the equilibration process. On the other hand, the stall force of the motors appears in the boundary condition (see contraction length δ in Eqn A6) and can be regarded as a pre-strain.
Data fitting and analysis
The set of equations, consisting of the model for the timedependent displacement field u(x,t) along the SF Eqn A5 together with the appropriate boundary conditions Eqn A6 are solved numerically with the MATLAB pde toolbox function 'parabolic' (version 1.0.4) and fitted to the experimentally measured first three bands of the kymographs. In this way, we restrict the fitting to a 10-μm-large region of the SF where most of the contraction happens. Bands that are further away from the cut are rather stationary and do not provide distinct information. As fit routine, we use the function 'lsqnonlin' of the MATLAB optimisation toolbox (version 3.0), which is a specialized algorithm to solve nonlinear least-squares data-fitting problems. To check for local minima, we start the global optimization algorithm ten times with random initial sets of positive parameter values (κ, δ, τ, τ ε ). For virtually all SFs and all runs the algorithm converges to the same fiber specific least-squares minimum defining one set of parameter values (κ, δ, τ, τ ε ). In total we analyzed 86 SFs from actin-transfected cells and 34 SFs from α-actinin-transfected cells. From fits to these data sets we were able to deduce the distributions of the four parameters for both transfection methods. Mean values and standard deviations are summarized in Table  A1 . We find an average stiffness ratio κ =0.035±0.034 (values are given as mean ± s.d. or denoted otherwise) for actintransfected cells, which indicates that the stiffness of the SF exceeds the elastic contributions from crosslinks by a factor of roughly 30. The average contraction length of a sarcomeric unit
(of initial width a=1 μm) is about δ =0.66±0.36 μm. This comes close to the 380 nm measured length of multiple antiparallel myosin chains in smooth muscle cells (Trybus and Lowey, 1987) , suggesting that SFs subunits have a surprisingly wide contractile range (66% of equilibrium length 1 μm). The typical timescale for contraction is dictated by internal processes, that is relative filament sliding and motor activity and amounts to τ =29±27 seconds. The second time scale resulting from drag within the cytosol is considerably smaller τ ε <<τ and can been neglected without loss of generality, see also the discussion of model parameters below.
The parameter values for the α-actinin transfected cells are of similar magnitude; however, the mean values of the two parameters κ and τ differ significantly from the respective values obtained from actin-transfected cells. In order to compare the parameter samples from the actin-and the α-actinin-transfected cells we applied a Student's t-test for differences of the means.
The t-test analysis shows that the crosslink parameter κ is significantly higher (t-test: P=0.0000014) and the time scale τ is significantly lower (t-test: P=0.0029) for the α-actinin-transfected cells. The remaining parameters δ and τ ε are independent of the transfected protein. Transfections of EGFP α-actinin and actin GFP induce an overexpression of non-endogenous proteins, whose level can be monitored with the overall fluorescence of individual cells. (In our experiments, only low expressing cells were selected.) It is known that α-actinin acts as a crosslinker between actin filaments and also connects SFs to integrin-mediated adhesion clusters through the FA core protein vinculin. According to the model, higher values for the cross-link parameter κ reflects a higher level of mechanical crosslinks of SFs to the surroundings. These results thus suggest that α-actinin is a potential candidate as a mechanical crosslinker. It could reflect attachment of SFs either to secondary actin cytoskeletal network or, and most likely according to us, to intermediate contacts to the substrate such as integrin clusters; however, in amounts that are difficult to detect by fluorescence.
By contrast, the difference in the time scale τ =γ int /k int +δ/v 0 according to the transfection method, lacks a simple explanation. The contraction length of sarcomeric units δ is independent of the transfection (compare values in Table A1 ) and we assume the same for the maximal velocity of the motors v 0 . Therefore, in terms of our simple model, we conclude that the ratio of internal friction over fiber stiffness γ int /k int is reduced when α-actinin is overexpressed.
Stationary solution
Once cut, and for times t>>τ, the SF approaches a new mechanical equilibrium. The model simplifies to a second order ordinary Journal of Cell Science 122 (10) Actin-FRAP n=86 SFs, α-actinin n=34 SFs. κ denotes the dimensionless ratio of stiffness of the crosslinks over stiffness of the SF. δ is the contraction length in μm of a sarcomeric unit. τ is the time scale in seconds associated with effective internal friction including motor contributions, whereas τ ε is the time scale associated with external friction. We provide the mean and s.d. for each model parameter. To compare the parameter distributions for the actin-FRAP and the α-actinin data we applied a Student's t-test analysis. The crosslink parameter κ results significantly higher and the time scale τ significantly lower for the α-actinintransfected cells. The remaining parameters are independent of the transfection method. Furthermore, we find that τ ε <<τ.
differential equation that can be solved analytically for the stationary state after retraction.
with the boundary conditions u ss (0)=0 at the end where the SF is clamped by focal adhesions and a 2 =u ss (L)+δ=0 at the end where the SF is cut. The solution for the stationary state displacement is given by:
For κr0 this relation simplifies to u ss (x)=-δx/a. The contraction becomes uniform along an uncrosslinked SF, which leads to a displacement linear in x. However, if ͱκӷa/L, the stationary solution Eqn A8 is approximated by:
Thus, the mechanical perturbation of cutting a crosslinked SF decays exponentially from the cut edge on a typical length scale given by a/ͱκ. As a consequence, with a fiber fragment length Lӷa/ͱκ, the internal part of the fiber close to the FA remains unaffected by the nanosurgery. In particular, the force exerted by the SF on the adhesion is unchanged (see below). Assuming κ =0.035 and a=1 μm, we find that this typical length scale amounts to a/ͱκϷ5.4 μm for actin-transfected cells, and a/ͱκϷ3.6 μm for α-actinintransfected cells.
Total retraction length
Eqn A8 also provides the total retraction of the SF after equilibration as a function of the initial fiber length L:
Each parameter set (κ, δ, τ, τ ε ) obtained from fits to kymographs provides one curve ΔL(L). In order to compare the model prediction with the measured data we average 86 curves obtained from actin transfected cells and 34 curves obtained from α-actinin transfected cells. In Fig. 2E (main text) we show the sample average model curve ͗ΔL(L)͘ actin with the s.d. for the data obtained from actin-transfected cells. For the limiting case where Lӷa/ͱκϷ5.4 μm, the total retraction becomes constant ΔLϷδ/ͱκ, and is therefore independent of L. This agrees with the experimentally measured retraction length, which is constant for SFs larger than 10 μm>a/ͱκ. For comparison, we include the expected dependence of the total retraction length assuming a completely uncrosslinked SF, ΔL(L)=δ ·L/a, deduced from Eqn A10 when κr0, shown as a black solid line in Fig. 2E . The respective quantities for α-actinin-transfected cells are shown in supplementary material Fig. S1D . By comparing the results shown in Fig. 2E and supplementary material Fig. S1D , one finds that the total contraction length is persistently lower for α-actinin transfected cells. This is due to higher values for the crosslink parameter κ in this sample. The other relevant parameter δ is independent of the transfection method and thus does not contribute to the differences.
Forces on FAs
The fluorescence intensity of zyxin in FAs decreases when the associated SF is dissected by the laser pulses. The loss of intensity, however, depends on the precise location of the cut. As shown in
Fig . 3L , the relative loss of intensity δI rel =(I 0 -I ss )/I 0 is maximal when the cut is applied close to the focal adhesion and decreases with increasing distance between cut and FA. This can be understood quantitatively by the model assuming that the intensity of zyxin is proportional to the force exerted on the focal adhesion. The relative force loss at the boundary is defined as:
We assume that the SF is in mechanical equilibrium prior to the cut, that is, all motors operate at their stall force, F 0 =F stall . The force on the FA in the new mechanical equilibrium after cut F ss is given by:
Together with the derivative of Eqn A8 we find for the relative force loss at the FA:
The relative force loss at the FA depends only on the crosslink parameter κ and the initial length of the fiber fragment L. In accordance with Eqn A9 we find that the mechanical integrity around the focal adhesion remains unperturbed when Lӷa/ͱκ. In Fig. 3L , we show the sample average curve for the expected relative force loss, ͗δF rel (L)͘ actin , compared with the measured relative intensity loss of zyxin at FAs in actin-transfected cells. The agreement between model and experimental data suggests that the zyxin concentration in FAs depends on the applied force.
Tension in SFs and traction forces on the substrate
From the discrete representation in supplementary material Fig. S5 , one can deduce the tension in the SF as:
Using Eqn A4 and using the definition of the parameters τ and δ yields:
In the following, we use Eqn A15 to calculate the tension within the SF. In Fig. 3O (main text) we show the normalized tension σ(x,t)/σ 0 ,where σ 0 =F stall is the constant tension in the SF prior to the cut. After the cut, the tension within the fiber fragment quickly drops to low values. Simultaneously, the zyxin striated pattern along the SF is exposed to a quick intensity loss (compare + and -symbols in Fig. 3N,O) . In Fig. 3P , we plot the traction force exerted by a crosslink on the substrate at its anchor point, given by F trac (x,t)/k int = -κu(x,t). A comparison of the traction force (Fig. 2N ) and the zyxin intensity (Fig. 3N) suggests that after the cut, zyxin relocalizes in regions where crosslinks become highly tensed by the retracting SF.
Discussion of model parameters
We finally discuss the importance of the four model parameters δ, κ, τ and τ ε . The parameter δ, describing actomyosin contractility, is obviously essential to reproduce the retraction of the SF. For instance, δ r0 together with the initial condition u(x,t=0)ϵ0 lead to the trivial solution u(x,t)ϵ0. From the stationary model Eqn A7, we can deduce that a vanishing crosslink parameter, κ r0, implies that -ٌu(x)=const. The negative gradient of the displacement, however, is a measure for the relative change in density within the SF, which is found to be
F ss = ak int ∇u ss ( x = 0) + F stall . ( A 1 2 ) σ ( x,t) / k int = aτ∇ u( x,t) + a∇u( x,t) + δ .
σ ( x,t) = aγ int ∇ u( x,t) + ak int ∇u( x,t) + F m ( x,t) .
constant. In other words, each sarcomeric unit along the SF would finally contract to the same extent, irrespective of the parameters τ and τ ε , which dictate the dynamics of the contraction. This finding explains the final collapse of the curves in supplementary material Fig. S6K for t>120 seconds, where external crosslinks were neglected. By contrast, the experimental results show that the contraction of sarcomeric units is inhomogeneous along the SF: the subunit closest to the cut shows the largest contraction and the sarcomeric contraction length decrease with increasing distance from the cut (compare supplementary material Fig. S6D and Fig.  S6K ). Additionally, from Eqn A8 we deduce that the steady state displacement of the sarcomeres, for κr0, is proportional to their position: u ss (x)=-δ·x/a. For example, the final displacement of the sarcomere in the middle of the SF is expected to be 50% of the displacement of the fiber tip, irrespective of the total length of the SF. However, we found experimentally that sarcomeres located several microns away from the cut, remain unaffected (see bands in supplementary material Fig. S6B in the range of x=0...15 μm).
The model with κ r0 is thus not able to reproduce the experimental kymographs.
A model neglecting internal friction, with τ r0, fails to correctly reproduce the dynamics of the contraction. Although the long term behavior (supplementary material Fig. S6F ) is captured by the model, it fails to reproduce the contraction dynamics shortly after cut (supplementary material Fig. S6G ). In particular, the retraction of the inner bands is delayed compared to the ones closer to the cut (compare black and blue model curve in supplementary material Fig. S6G ). This is in contrast to the experimental data that shows the central bands to react fastest (compare black and blue data in supplementary material Fig. S6G ). This discrepancy between the model with τr0 and experimental data becomes even more apparent in the analysis of the normalized sarcomere width (supplementary material Fig. S6H) .
In contrast to the model parameters δ, κ and τ, which are essential to understand the retraction dynamics of the SF, we found empirically that the equilibration time τ ε originating from external friction plays a minor role compared to the internal equilibration time τ. From the extracted parameter values summarized in Table  A1 , one finds that τ ε /τ< O(10 -2 ). The equilibration dynamics of the SFs are thus dominated by the time scale of the internal processes and the term proportional to τ ε can be neglected in good approximation. The simplified model including only the three parameters δ, κ and τ provides in general a fit of similar quality. For the experimental data analyzed in supplementary material Fig.  S6A -D, the simplified model gives the same fit results as the full model.
Appendix 2
To address the spatial origin of the newly recruited zyxin, we combined photobleaching, FRAP and nanosurgery experiments. We quantified the fluorescent recovery of FAs after FRAP and compared the half-life t 1/2 to the increase of zyxin fluorescence in foci along SF after cut. Zyxin relocalization at foci (t 1/2 =12.9±5.5 seconds, n=16) showed approximately 2.5-fold faster kinetics than a regular FA recovery (t 1/2 =32.9±10.0 seconds, n=24, see the Materials and Methods for kinetics quantification). We then applied laser dissection onto SFs that were fully photobleached and compared zyxin recovery at FAs and at new foci (supplementary material Movie 5). Zyxin relocalized more than threefold faster at foci (t 1/2 =29.1±12.6 seconds, n=34) than in FAs (t 1/2 =95.1±71.8 seconds, n=27). Interestingly, we observed that the fluorescence levels at zyxin foci raised above the initial fluorescent level of zyxin at SFs before dissection, indicating the creation of new recruitment sites after SF retraction, in contrast to a regular fluorescence recovery. Altogether, these data show that there is no correlation between loss of zyxin from FAs and new recruitment at foci, i.e. zyxin is newly recruited from the cytosol rather than from the perturbed SFs and their connected FAs, and therefore reacts on a cellular level within the whole cell.
